Introduction
bolus and the midgut epithelium, enhance digestive processes and protect the brush border from mechanical disruption as well as from attack by toxins and pathogens (Tellam, 1996) . Insect peritrophic matrices have been categorized into two classes, based on their mode of synthesis (Wigglesworth, 1930; Peters, 1992) . Type I peritrophic matrices are synthesized along the whole midgut and thus form a continuous delamination product. By contrast, type II peritrophic matrices are exclusively produced by specialized cells in the area of the cardia, which is located between the esophagus and the anterior midgut. Peritrophic matrices usually exhibit a chitin content of between 3% and 13% (Peters, 1992) . For the peritrophic matrix of the tobacco hornworm Manduca sexta, a chitin content of even 40% has been reported . The remainder of the peritrophic matrix consists of a complex mixture of proteins, glycoproteins and proteoglycans. The peritrophic matrix is created when the chitin microfibrils associate with the highly hydrated proteoglycan matrix secreted by the gut cells. Further components of the peritrophic matrix, such as peritrophins, may be added during the gelling process. Peritrophins appear to link chitin microfibrils via their multiple chitin-binding domains and additionally mediate binding to other glycoproteins. Consequently, they may contribute significantly to the tensile strength of the peritrophic matrix (Lehane, 1997) . Variation of peritrophic matrix formation rate is observed frequently in insects, depending on the physiological condition (Locke, 1991) . Some insects even completely cease peritrophic matrix production during periods of starvation or molt. The old peritrophic matrix then gets expelled or reabsorbed and regenerates when the animal starts feeding again.
Thus, insect growth and development is strictly dependent on the capability to remodel chitinous structures. Therefore, insects consistently synthesize and degrade chitin in a highly controlled manner to allow ecdysis and regeneration of the peritrophic matrices. Chemical compounds that interfere with chitin metabolism, such as diflubenzuron, have been of special interest for the control of agricultural pests. Moreover, due to its unique properties, chitin itself is attracting more and more interest as a basic material for the chemical and pharmaceutical industry. In this review, we will focus on recent advances in understanding biosynthesis and degradation of chitin in cuticles and peritrophic matrices. In particular, we will address the substantial progress that has been made on chitin synthases and chitinases as a result of identification and sequencing of the insect genes encoding these enzymes.
Chitin structure
Chitin is the most widespread amino polysaccharide in nature and is estimated annually to be produced almost as much as cellulose. It is mainly found in arthropod exoskeletons, fungal cell walls or nematode eggshells. However, derivatives of chitin oligomers have also been implicated as morphogenic factors in the communication between leguminous plants and Rhizobium and even in vertebrates, where they may be important during early stages of embryogenesis (Bakkers et al., 1999) .
Chitin is composed largely of alternating Nacetylglucosamine residues, which are linked by β-(1-4)-glycosidic bonds. Since hydrolysis of chitin by chitinase treatment leads to the release of glucosamine in addition to Nacetylglucosamine, it was concluded that glucosamine might be a significant portion of the polymer. However, solids NMR analysis of tobacco hornworm cuticle preparations suggested that little or no glucosamine is present . Chitin polymers tend to form microfibrils (also referred to as rods or crystallites) of ~3·nm in diameter that are stabilized by hydrogen bonds formed between the amine and carbonyl groups. Chitin microfibrils of peritrophic matrices may even exceed 0.5·µm in length and frequently associate in bundles containing parallel groups of 10 or more single microfibrils (Peters et al., 1979; Lehane, 1997) . X-ray diffraction analysis suggested that chitin is a polymorphic substance that occurs in three different crystalline modifications, termed α-, β-and γ-chitin. They mainly differ in the degree of hydration, in the size of the unit cell and in the number of chitin chains per unit cell (Rudall and Kenchington, 1973; Kramer and Koga, 1986) . In the α form, all chains exhibit an anti-parallel orientation; in the β form the chains are arranged in a parallel manner; in the γ form sets of two parallel strands alternate with single antiparallel strands. In addition, non-crystalline, transient states have also been reported in a fungal system (Vermeulen and Wessels, 1986) . All three crystalline modifications are actually found in chitinous structures of insects. The α form is most prevalent in chitinous cuticles, whereas the β and γ forms are frequently found in cocoons (Kenchington, 1976; Peters, 1992) . Peritrophic matrices usually consist of α-and β-chitin. Sometimes the presence of β-chitin in cocoons is traced back to the fact that some cocoons are formed from peritrophic matrices; for example, those of Australian spider beetle Ptinus tectus, a specialized beetle (Rudall and Kenchington, 1973) .
The anti-parallel arrangement of chitin molecules in the α form allows tight packaging into chitin microfibrils, consisting of ~20 single chitin chains that are stabilized by a high number of hydrogen bonds formed within and between the molecules. This arrangement may contribute significantly to the physicochemical properties of the cuticle such as mechanical strength and stability (Giraud-Guille and Bouligand, 1986) . By contrast, in the β-and γ-chains, packing tightness and numbers of inter-chain hydrogen bonds are reduced, resulting in an increased number of hydrogen bonds with water. The high degree of hydration and reduced packaging tightness result in more flexible and soft chitinous structures, as are found in peritrophic matrices or cocoons. The picture drawn above is certainly oversimplified and does not explain the physicochemical properties of cuticles and peritrophic matrices adequately because it is reduced to only one component of a complex structure. However, differences in the arrangement of chitin microfibrils between cuticles and peritrophic matrices may help to understand their function. The cuticle is secreted in the form of thin layers by the apical microvilli of epidermal cells. The chitin microfibrils are embedded into the protein matrix and stabilize it in a way that resembles constructions of steelreinforced concrete. Since horizontal microfibrils, in parallel with the cuticle plane, rotate either progressively or abruptly from one level to another, complex patterns (e.g. helicoidal) and textures (e.g. plywood-like structures) arise, depending on the degree of rotational displacement (Bouligand, 1972) . By contrast, in peritrophic matrices, the microfibrils are normally arranged as a network of randomly organized, felt-like structures embedded in an amorphous matrix, and only in a few cases have higher ordered configurations been reported (Lehane, 1997) .
Chitin formation
Although chitin is one of the most important biopolymers in nature, knowledge of its biosynthesis is still fragmentary. Formation of the different chitin forms is catalyzed by chitin synthase (UDP-N-acetyl-Dglucosamine:chitin 4-β-Nacetylglucosaminyltransferase; EC 2.4.1.16), a highly conserved enzyme found in every chitinsynthesizing organism. It utilizes UDP-N-acetylglucosamine (UDPGlcNAc) as the activated sugar donor to form the chitin polymer (Glaser and Brown, 1957) . Candy and Kilby (1962) were the first to propose a biosynthetic pathway for insect chitin synthesis starting with glucose and ending with UDP-GlcNAc. The pathway from UDP-GlcNAc to chitin was finally established in insects by Jaworski et al. (1963) using cell-free extracts from the southern armyworm Spodoptera eridania. Many subsequent studies conducted with preparations from various insects supported this general pathway, which is shown in Fig.·1 . Little is known about the final steps in chitin synthesis in any organism. One intermediate step might be the transfer of GlcNAc onto a lipid to form dolichyldiphospho-N-acetylglucosamine, as was deduced from studies with microsomal fractions of bugs and brine shrimps (Quesada-Allue et al., 1976; Horst, 1983) . However, the current evidence for the occurrence of lipidGlcNAc intermediates or acceptors during chitin assembly is weak and therefore not included in the depicted pathway. In fungal systems, at least, an acceptor other than UDP-GlcNAc seems not to be required to initiate polymerization (McMurrough and Bartnicki-Garcia, 1971; Orlean, 1987; Merz et al., 1999a; Chang et al., 2003) . Chitin synthase is definitely the key enzyme within the biosynthetic pathway, but detailed understanding of its mode of action seems to be a distant prospect, in particular because the enzyme has not yet been purified to homogeneity.
Many basic studies have been performed with fungal systems, and some of the results seem to be valid for the insect 
. Biosynthesis of chitin in insects. The pathway starts with trehalose, the main hemolymph sugar in most insects, and ends with the chitin polymer. The diagrammatic representation is based on previously published pathways (Kramer and Koga, 1986; Cohen, 2001 ). enzymes as well. Common features of most chitin synthases are that enzyme activity is dependent on the presence of divalent cations such as Mg 2+ or Mn 2+ and that it is increased by mild proteolysis, suggesting the existence of a zymogenic form (Duran et al., 1975; Mayer et al., 1980; Hardy and Gooday, 1983; Kramer and Koga, 1986; Merz et al., 1999a) . Usually, chitin synthase activity can be inhibited by structural UDP-GlcNAc analogues such as polyoxins and nikkomycin (Gooday, 1972; Dahn et al., 1976) . Enzyme activity seems to be restricted exclusively to membrane-containing fractions (Ruiz-Herrera and Martinez-Espinoza, 1999) . Since chitin synthase has been localized in the membranes of Golgi complexes (Horst and Walker, 1993) and intracellular vesicles (Sentandreu et al., 1984) , as well as in plasma membranes (Duran et al., 1975; Vardanis, 1979) , it may be concluded that the enzyme follows an exocytotic pathway, accumulating in cytoplasmic vesicles during its transport to the cell surface. This view is supported by studies performed with imaginal discs of Indian mealmoth Plodia interpunctella, which showed that chitin synthesis is inhibited when microtubules are disrupted by cytoskeletal poisons such as colchicine or vinblastine (Oberlander et al., 1983) .
In fungal systems, substantial data have accumulated indicating that chitin synthase activity of at least one chitin synthase isoform (CHS3p) is associated with specialized intracellular microvesicles, known as chitosomes, which exhibit a special lipid and protein composition (Bracker et al., 1976; Hernandez et al., 1981; Florez-Martinez et al., 1990) . Electron microscopy has revealed that, in the presence of UDP-GlcNAc and activators, purified chitosomes synthesize microfibrils that crystallize in the lumen of the vesicles (Bracker et al., 1976) . Similar results were obtained when cell-free precipitates resulting from chitin synthase activity in crude extracts of red flour beetle Tribolium castaneum were examined. Electron micrographs of the chitin synthase products showed a network of long, parallel-aligned microfibrils that varied in thickness from 10·nm to 80·nm. The microfibrils were associated with particles ranging from approximately 50·nm to 250·nm in diameter, which may be interpreted as 'insect chitosomes' (Cohen, 1982) . However, final proof for direct involvement of 'insect chitosomes' in chitin synthesis is missing. Interestingly, chitosome-like structures do not seem to occur in insect epidermal cells from Brazilian skipper butterfly Calpodes ethlius and Australian sheep blowfly Lucilia cuprina. Instead, electron microscope studies showed densely stained areas at the tips of microvilli from epidermal cells, referred to as plasma membrane plaques, which were considered as clusters of chitinsynthesizing enzymes. During cuticle formation, these areas undergo hormonally controlled cyclic turnovers (Binnington, 1985; Locke, 1991; Locke and Huie, 1979) . In accordance with the predicted site of chitin synthesis, immunohistochemistry using polyclonal antibodies raised against a conserved region of the chitin synthase showed strong labeling within the apical region of the epidermis from the epiproct of the American cockroach Periplaneta americana ( Fig.·2 ; H. Merzendorfer and L. Zimoch, unpublished).
Similar results have been obtained for the chitin synthase found in insect intestinal systems to produce chitin for peritrophic membranes, which are thought to be secreted by the microvilli of gut epithelial cells, since in electron microscopy secreted material appears as more or less electrondense aggregation on top of or in between the microvilli (Peters, 1992) . By secreting the peritrophic matrix, the microvilli act as a mold that causes microfibril spacing and, in doing so, contribute to the formation of regular patterns that are sometimes found in peritrophic matrices. Recently, Hopkins and Harper (2001) used transmission electron microscopy and wheat germ agglutinin (WGA)-gold staining to visualize newly secreted chitinous fibers in lepidopteran midgut sections. They found them on the microvillar surface but also within the apical region of microvilli. In line with this view, immunohistochemistry conducted with polyclonal antibodies raised against a conserved polypeptide of the Manduca sexta chitin synthase demonstrated that the enzyme is restricted to the apical tips of microvilli from columnar cells, one major cell type found in larval midgut (Zimoch and Merzendorfer, 2002 Cryosections of 10·µm were stained with a polyclonal antiserum raised against a conserved region of the Manduca sexta chitin synthase as described previously (Zimoch and Merzendorfer, 2002) . Visualization of primary antibodies was conducted with anti-rabbit antibodies (whole molecules) conjugated to alkaline phosphatase. Detection with 5-bromo-4-chloroindolylphosphate and nitroblue tetrazolium was carried out in the presence of 2·mmol·l -1 levamisole to block endogenous alkaline phosphatase activity. (B) Control reaction performed in the absence of primary antibodies. Arrows in A and B mark the apical region of epidermal cells, which are in part detached from the endocuticle as a result of the sectioning procedure (asterisks). Scale bar, 50·µm.
structures within the cytoplasm of columnar cells that immunoreacted with the anti-chitin synthase antibodies and, hence, may represent 'insect chitosomes' on their way from the Golgi complex to the apical tips of microvilli (Zimoch and Merzendorfer, 2002) .
The specific mechanism by which chitin is produced is still unknown. However, evidence suggests that chitin is synthesized through an asymmetric mechanism, accepting GlcNAc units from the cytosolic UDP-GlcNAc pool and releasing the nascent chain into the extraplasmic phase (Ruiz-Herrera and Martinez-Espinoza, 1999). Indeed, from predictive analysis it seems likely that the catalytic site of the chitin synthase that binds UDP-GlcNAc faces the cytoplasm (Tellam et al., 2000) . On the basis of the presented data, one can propose two alternative models for insect chitin synthesis (Fig.·3 ). In one model, intracellular vesicles merely function as exocytotic conveyors responsible for the transport of chitin synthase to the plasma membrane. After membrane fusion, the chitin synthase may be activated and subsequently secretes chitin into the extracellular space. This model requires some regulatory step, which controls enzyme activity, keeping the enzyme switched off until the vesicles fuse with the plasma membrane. Since proteolytic activation of chitin synthesis is observed in microsomal preparations from stable fly Stomoxys calcitrans pupae (Mayer et al., 1980) , onset of chitin synthase activity upon vesicle fusion might be achieved by extracellular proteases present in the midgut or in the molting fluid (Law et al., 1977; Reynolds and Samuels, 1996; Terra et al., 1996) .
In a more speculative model, chitin is secreted into the lumen of specialized vesicles, which accumulate underneath the terminal web and fuse with the plasma membrane when chitin needs to be released. This model allows storage of chitin polymers and their rapid release, which may be important for peritrophic matrix secretion upon feeding of blood-sucking mosquitoes. However, the length of chitin polymers may be restricted due to the limited volume of the vesicles.
If the catalytic site really faces the cytoplasm, UDP-GlcNAc could directly bind from the cytoplasmic pool. Consequently, in both presented models, nascent chitin has to be transported across the membrane, possibly involving transmembrane regions of the chitin synthase. If the catalytic domain should, contrary to the predictions, face the extraplasmic site, UDPGlcNAc would need to be transported either into the extracellular environment or into the lumen of the vesicles. Substrate transport might be achieved either by the chitin synthase itself or by transmembrane proteins similar to the UDP-GlcNAc transporters that reside in the endoplasmic reticulum or the Golgi vesicles (Perez and Hirschberg, 1985; Cecchelli et al., 1986; Segawa et al., 2002) . Although no biochemical data that support intravesicular catalysis are currently available, it would cleverly circumvent the unsolved problem of how to translocate the nascent chitin polymer across the membrane, because chitin would already be synthesized on the side of its subsequent release.
Chitin synthase can be assayed readily and some progress has been made in purifying active components in fungal systems (Duran and Cabib, 1978; Kang et al., 1984; Machida and Saito, 1993; Uchida et al., 1996) . However, despite all efforts that have been made during the past decades, the enzyme has still not been purified to homogeneity. Therefore, we have only a vague image of the molecular mechanism of chitin synthesis. In contrast to fungi, only few studies have been conducted using chitin synthase-containing preparations from insects. In vivo studies, as well as in vitro studies using insect organ and cell cultures, first provided insights into insect chitin synthesis (Candy and Kilby, 1962; Marks and Leopold, 1971; Marks, 1972; Surholt, 1975; Vardanis, 1976 detailed knowledge emerged from investigations performed in cell-free systems, although preservation of enzyme activity turned out to be difficult. Quesada-Allue et al. (1976) were among the first to measure chitin synthase activity in cell-free extracts of insects. For this purpose, they used crude extracts from the kissing bug Triatoma infestans integument and monitored [ 14 C]N-acetylglucosamine incorporation into the polymer. Chitin synthase activity exhibited a pH optimum of about 7.2 and was dependent on the presence of Mg 2+ and GlcNAc. Interestingly, radioactivity was also found concomitantly with chitin synthesis in a liposoluble fraction. Chromatographic analysis of this fraction suggested the involvement of N-acetylglucosaminyl-phospholipid in insect chitin synthesis, which was supported by the finding that chitin synthesis was blocked by tunicamycin, an inhibitor of UDP-Nacetylglucosamine:dolichyl-phosphate N-acetylglucosaminephosphotransferase (Heifetz et al., 1979; Quesada-Allue, 1982) . Supporting evidence came from studies performed with microsomes from brine shrimps (Artemia salina), which catalyzed the transfer of N-acetylglucosamine from UDP-N-acetylglucosamine to a lipid acceptor. The resulting dolichyldiphosphate-linked chito-oligomer may act as a GlcNAc acceptor for chitin synthesis (Horst, 1983) . By contrast, from kinetic studies it was concluded that chitin synthesis generally occurs without the need for soluble or lipid GlcNAc acceptors functioning as primers for chain assembly (Horsch et al., 1996; Merz et al., 1999a) . In line with this interpretation, some groups have reported that chitin synthesis was not affected significantly by tunicamycin in several insect systems (Mayer et al., 1981; Fristrom et al., 1982; Bade, 1983) . The inconsistency regarding the published data, together with the fact that chain assembly occurs without the need of an initial acceptor other than UDP-GlcNAc in fungal systems, however, raises doubt about the significance of lipid intermediates or primers in arthropod systems. Chitin synthesis is influenced in different ways by other effectors as well, depending on the particular enzyme source. For instance, GlcNAc has been reported to stimulate chitin synthesis in fungi and also in some insects (Keller and Cabib, 1971; Quesada-Allue et al., 1976; Casida, 1980a,b, 1982) . By contrast, studies with microsomal fractions from Stomoxys showed almost complete inhibition of chitin synthesis with 1·mmol·l -1 GlcNAc (Mayer et al., 1980) . Even more confusing, the activity of classical inhibitors of chitin synthesis such as polyoxin, nikkomycin and diflubenzuron also seems to depend on the insect system used for the particular study. Cohen and Casida (1982) , for instance, reported different effects of polyoxins and nikkomycin on chitin synthesis in cecropia moth Hyalophora cecropia and cabbage looper Trichoplusia ni. Mayer et al. (1980 Mayer et al. ( , 1981 observed polyoxin D inhibition in microsomal preparations from Stomoxys only at high concentrations but no inhibitory effect for diflubenzuron, whereas Turnbull and Howells (1983) showed for crude homogenates of larval integuments from Lucilia that chitin synthesis was inhibited by both polyoxin D and diflubenzuron. However, due to the crude character of the investigated preparations, care has to be taken not to jump to conclusions. Besides cell-free extracts, chitin synthesis has also been reported for several insect cell lines. For instance, Marks et al. (1984) demonstrated chitin synthase activity in MRRL-CH cells, a continuous cell line from Manduca embryos. Londershausen and colleagues showed chitin synthesis in an epithelial-like cell line from the non-biting midge, Triatoma infestans as well as in Kc cell lines from Drosophila melanogaster. In cell cultures from Chironomus, incorporation of radiolabeled glucosamine was partially inhibited by the acyl urea SIR 8514, polyoxin D and nikkomycin (Londershausen et al., 1988) .
Insect chitin synthases
Tellam and colleagues were the first to sequence the complete cDNA of a putative arthropod chitin synthase (LsCHS-1; Tellam et al., 2000) . The cDNA was derived from Lucilia, the Australian sheep blowfly. It encoded a presumed protein with a molecular mass of approximately 180·kDa, and predictive analysis suggested the existence of 15-18 transmembrane helices, indicating that the enzyme is an integral membrane protein. Analysis of the LsCHS-1 expression pattern by RT-PCR and in situ hybridization revealed that the transcripts are detectable in all developmental stages of the fly and that they localize in the epidermal cells underlying the procuticle.
Meanwhile, progress has been made in investigating insect chitin synthases due to the availability of an increasing number of gene and cDNA sequences deposited in sequence databases or published within the past three years, although final proof that the deduced proteins synthesize chitin is pending (Ibrahim et al., 2000; Tellam et al., 2000; Gagou et al., 2002; Zhu et al., 2002) .
In contrast to fungi, which possess multiple genes encoding chitin synthase isoforms (Munro and Gow, 2001 ), molecular analysis of nematode and insect chitin synthase genes (CHS) has so far revealed a limited number of gene copies. Genome sequencing projects have shown that Caenorhabditis elegans, Drosophila and Anopheles gambiae possess two different CHS genes, and recently cDNA sequencing or genomic Southern blotting also provided evidence for two gene copies in Lucilia, Manduca and Tribolium (Gagou et al., 2002; Tellam et al., 2000; Zhu et al., 2002; Zimoch and Merzendorfer, 2002 ; Y. Arakane, D. Hogenkamp, Y. C. Thu, C. A. Specht, R. W. Beeman, K. J. Kramer, M. Kanost and S. Muthukrishnan, unpublished results). Comparison of amino acid sequences from fungal, nematode and insect chitin synthases has revealed that insect enzymes are more closely related to those of nematodes than those of fungi.
Insect chitin synthases are large transmembrane proteins with theoretical molecular masses ranging from 160·kDa to 180·kDa and exhibit a slightly acidic isoelectric point between 6.1 and 6.7. Alignments of the amino acid sequences from Lucilia, Drosophila and Caenorhabditis revealed a tripartite domain structure (Tellam et al., 2000 ; see also Fig.·4A ). Domain A is found in the N-terminal region, has varying numbers of transmembrane helices and shows the least sequence similarity among any of the species. Depending on the number of predicted transmembrane helices in the A domain, the N-terminus appears to be located at different sides of the membrane, facing either the extracellular environment or the cytoplasm. However, this may also reflect shortcomings regarding the computer-based prediction of transmembrane helices.
Domain B is found in the center of chitin synthases, comprises ~400 amino acids and contains the catalytic center of the protein. The B domain is highly conserved and contains two unique motifs, EDR and QRRRW, that are present in all types of chitin synthases and therefore can be regarded as signature sequences. Some of the conserved residues have been implicated to be essential for the catalytic mechanism, since they may be involved in protonation of the substrate (Sinnott, 1990; Breton et al., 2001 ). In particular, even conservative substitutions of those residues that have been highlighted in bold above drastically decrease chitin synthase activity in yeast, although they do not significantly affect the apparent K m values for the substrate (Nagahashi et al., 1995) . Similar sequences have been found in bacterial and vertebrate hyaluron synthases (Rosa et al., 1988; DeAngelis et al., 1994; Pummill et al., 1998) , cellulose synthases (Saxena et al., 2001) and Nactelyglucosaminyltransferases such as the NodC protein (Geremia et al., 1994 ). An aspartic acid residue at position 441 of the yeast chitin synthase 2 protein (CHS2p) was also suggested to be conserved in all chitin synthases. Its substitution by glutamic acid led to a severe loss of chitin synthase activity in the resulting CHS2 mutant (Nagahashi et al., 1995) . This aspartic acid residue is nevertheless replaced by glutamate in some insect chitin synthases at a corresponding position, supporting the necessity of at least an acidic residue at this position. However, a highly conserved aspartic acid is also found at position 344 of the yeast CHS2p. Unfortunately, this position has not been addressed by in vitro mutagenesis so far. Zhu et al. (2002) described three additional highly conserved blocks in insect chitin synthases, CATMWHXT, QXFEY and WGTRE (at positions 583-590, 794-798 and 1076-1080 of the Drosophila CHS-1 protein, respectively; see Fig.·4A ), with most of the amino acids also conserved in fungal or nematode chitin synthases. Domain C comprises the C-terminal part of the enzyme and contains two amino acids that might also be involved in catalysis, since site-directed mutagenesis performed with CHS2p of yeast showed that enzyme activity was diminished when W803 or T805 were exchanged for alanine (Yabe et al., 1998) . Both residues are conserved in insects at positions comparable to those of the yeast enzyme, immediately following transmembrane helix five of the C domain. Although this domain is far less conserved than the catalytic domain, it exhibits seven transmembrane helices as a common feature.
As has been reported for several fungal chitin synthases, insect enzymes may also be glycosylated because they exhibit several putative N-glycosylation sites of which one is conserved in every insect chitin synthase (Table·1). In fungal systems, the affinity of lectins such as concanavalin A or wheat germ agglutinin to the sugar portion of N-glycosylated residues has already been used for the purification of active components of chitin synthases (Machida and Saito, 1993; Merz et al., 1999a,b) .
Based on relative sequence differences, chitin synthases have been grouped into two classes, class CHS-A and class CHS-B enzymes. So far, most insects seem to have one gene copy for each enzyme. Since both genes are located at one chromosome in both Drosophila and Anopheles, it is likely that they have evolved from a common ancestor by gene duplication (Gagou et al., 2002 In Lucilia, LcCHS-1, a class A chitin synthase, was found in the carcass, which is free of internal tissues, but not in the midgut (Tellam et al., 2000) . In Aedes aegypti, RT-PCR with a probe to AaCHS-1, a class B chitin synthase, resulted in products that were detectable in midgut or whole mosquitoes but not in the carcass (Ibrahim et al., 2000) . Moreover, RT-PCR that was conducted with mRNA preparations from Manduca using isoform-specific primers suggests that expression of class B chitin synthases is restricted, since MsCHS-2-specific products can only be observed in the midgut but not in other tissues (D. Fig.·4A ; Table·1). The coiled-coil region is predicted to face the extracellular space and may be involved in protein-protein interaction, vesicle fusion or oligomerization (Skehel and Wiley, 1998; Burkhard et al., 2001) . Interestingly, cellulose synthases from mosses, ferns, algae and vascular plants, which have some similarities with chitin synthases, are organized in rosettes consisting of six subunits, which in turn may each contain six single polypeptides . Rosette assembly may involve oxidative dimerization between single cellulose synthase polypeptide subunits via zinc finger domains . It is therefore tempting to speculate that oligomerization may be important for chitin synthases too, possibly mediated by the coiled-coil region. It seems that class A chitin synthases are encoded by a gene that is differentially spliced, resulting in the expression of an alternate exon comprising 59 amino acids and encoding transmembrane helix six and adjacent regions of the C domain (Tellam et al., 2000 
Regulation of chitin synthases
As discussed above, chitin formation and degradation are essential for insect development. Not surprisingly, malfunction of chitin synthesis leads to developmental disorders that are H. Merzendorfer and L. Zimoch 4400 Prediction of putative transmembrane helices, PEST sites, coiled-coils and N-glycosylation sites was performed with the programs TMHMM, PESTfind, PAIRCOIL and PROSCAN, respectively (Rogers et al., 1986; Berger et al., 1995 , Bairoch et al., 1997 Hansen et al., 1997; Krogh et al., 2001) .
pI, isoelectric point; TMH, transmembrane helices; n.p., not predicted. *This accession number refers to a sequence that reveals a truncated version of the protein. For calculations, the N-terminus was elongated according to 5′ upstream sequences found in the corresponding mosquito gene, which is located in region 7B of chromosome 2R. already observable during embryogenesis. In Drosophila, it was shown that mutations in the CHS-1 gene are allelic with kkv (krotzkopf verkehrt), a gene that was originally identified in a screen for severe disruptions of the head cuticle (Ostrowski et al., 2002) . Therefore, the expression of the involved genes has to be precisely controlled during each molt. Insect metamorphosis is known to be regulated by the release of ecdysone, a steroid hormone secreted into the hemolymph by the prothoracic gland, which could be involved in the regulation of chitin synthesis. For Drosophila imaginal disks, it has been shown that the presence of ecdysone inhibits chitin synthesis as well as the expression of procuticle proteins (Apple and Fristrom, 1991; Hiruma et al., 1991) . Converse data were obtained for cultured wing discs from Plodia, where ecdysone stimulated uptake and incorporation of radiolabeled glucosamine (Oberlander, 1976) . These opposite effects on chitin synthesis are not necessarily conflicting; rather, they may reflect a dual effect of ecdysteroids, since these steroids are known to act as both positive and negative regulators (Apple and Fristrom, 1991; Spindler et al., 2001) . Upregulation of transcriptional activities by ecdysteroids during insect development was found in a number of cases. The Drosophila genes Eips 28 and Eips 29, for instance, are controlled tissueand stage-specifically by ecdysone-responsive elements present in the upstream and downstream flanking regions (Andres and Cherbas, 1994) . Further examples of this mode of ecdysteroid-mediated transcriptional regulation are the Drosophila genes encoding the yolk protein (Bownes et al., 1996) , the heat-shock proteins hsp23 and hsp27 (Luo et al., 1991) , the caspase DRONC (Dorstyn et al., 1999; Hawkins et al., 2000) and the Manduca genes EcR-A and EcR-B1, which encode two ecdysone receptor (EcR) isoforms (Jindra et al., 1996) . Downregulation of transcriptional activities by ecdysteroids was observed too, but these effects may be due to indirect actions. For instance, the ecdysteroid-regulated gene esr20, which is expressed in the trachea of Manduca, has been suggested to be downregulated at ecdysis. In this case, downregulation may be caused by a decline in transcript stability triggered indirectly by 20-hydroxyecdysone (Meszaros and Morton, 1997) . Moreover, transcription of the dopa decarboxylase-encoding gene from Manduca may be indirectly suppressed by 20-hydroxyecdysone via an ecdysteroid-induced transcription factor that itself suppresses dopa decarboxylase transcription (Hiruma et al., 1995) .
Analysis of chitin synthase expression during Drosophila metamorphosis indicates that ecdysone has a regulatory role on CHS-1 (DmeChSB) and CHS-2 (DmeChSA) transcript levels (Gagou et al., 2002) . In third instar larvae and shortly after pupariation CHS transcripts were barley detectable. However, in response to the first ecdysone pulse, both transcripts were drastically upregulated, although at different points in time. CHS-1 transcripts were upregulated first, coinciding with the formation of pupal inner epicuticle, whereas CHS-2 transcripts were upregulated a few hours later, concurrent with pupal procuticle formation. The progression of transcript upregulation may suggest that ecdysone activates transcription of the CHS genes by activating a nuclear receptor heterodimer consisting of the EcR and the Drosophila retinoid X receptor homologue USP, the ultraspiracle protein (Yao et al., 1993) . Indeed, computational scanning of the 'transfac database' revealed that both genes contain putative ecdysone responsive elements (EcREs) in their upstream regions. The regulatory elements correspond with the consensus sequences (G/T)NTCANTNN(A/C)(A/C) and (A/G)G(G/T)T(G/C) ANTG(A/C)(A/C)(C/T)(C/T), deduced from promoters of hsp23, hsp27 and Fbp1, which encode two Drosophila heatshock proteins and a fat body protein, respectively (Luo et al., 1991; Antoniewski et al., 1993; Wingender et al., 1997; Tellam et al., 2000) . Somewhat different results were obtained when MsCHS-1 expression was investigated in Manduca 5th instar larvae and pupae (Zhu et al., 2002) . During feeding, transcript levels were observed to be relatively constant, but dropped drastically when feeding ceased and gradually increased again in the wandering stage to a maximum at pupal molt. Correlation with ecdysteroid titers in the Manduca hemolymph suggests that the MsCHS-1 gene is negatively controlled by ecdysteroids, because ecdysteroid titers increase prior to wandering and decrease before pupation (Bollenbacher et al., 1981; Baker et al., 1987) .
Transcriptional or post-transcriptional regulation also seems to occur for the midgut-specific chitin synthase isoform encoded by class B genes. In situ hybridization performed with midgut sections from the mosquito Aedes showed that the amount of transcripts was upregulated in response to a bloodmeal (Ibrahim et al., 2000) . Interestingly, transcripts were localized to the apical region of epithelial cells. Similar results were obtained by in situ hybridization of cryosections from the anterior midgut of Manduca 5th instar larvae (Zimoch and Merzendorfer, 2002) . The observed apical localization may reflect the site of CHS-2 biosynthesis because, in Manduca, columnar cell apical regions with large whorls of rough endoplasmic reticulum and Golgi complexes are found beneath the terminal web (Cioffi, 1979 ). This interpretation is also supported by the observation that in the basal region of the anterior midgut both rough endoplasmic reticulum and Golgi complexes are missing but are present in the basal region of the median and posterior midgut. Correspondingly, CHS-2 transcripts are evenly spread throughout the cytoplasm of the columnar cells in the median and posterior midgut (Zimoch and Merzendorfer, 2002) . The only cell organelles that have been observed in the region of the Manduca columnar cells' terminal web were interpreted as small Golgi vesicles with electron-dense contents that appeared to be collected at the apical border of the cell (Cioffi, 1979) . Are these vesicles loaded with chitin that will be released upon a secretory signal? In any case, inactive chitin synthases also have to be transported to the apical plasma membrane, and vesicle transport may be regulated as well. This notion may be supported by the finding that microtubule disruptans interfere with chitin synthesis (Oberlander et al., 1983) .
Since insect chitin synthase activity is increased by limited proteolysis, it is tempting to speculate about the existence of a cellular pool of inactive proenzymes being activated by specific signals. However, even in fungal systems, the significance of this phenomenon has not yet been elucidated (Merz et al., 1999a) . Besides proteases, further regulatory factors that affect chitin synthase activity may exist in insects. In yeast, several proteins that are involved in the regulation of chitin synthesis have been described. Yeast CHS4p, for instance, seems to stimulate chitin synthase III (CHS3p) activity by a direct protein-protein interaction and may be needed for septin-dependent, localized chitin deposition in the yeast cell wall (Ono et al., 2000) . SHC1p is a protein homologous to CHS4p and functions in cell wall ascospore assembly but regulates CHS3p activity exclusively during the sporulation process (Sanz et al., 2002) . Another protein that is required for fusion and mating, CHS5p, has been implicated in regulation of chitin synthase, since chitin synthase III targeting to cortical sites in yeast is dependent on both CHS5p and the actin cytoskeleton/Myo2p (Santos and Snyder, 1997) . Further proteins have been discovered by genetic screens, including CHS6p, which is necessary for the anterograde transport of CHS3p from the chitosome to the plasma membrane (Ziman et al., 1998) , and CHS7p, which regulates CHS3p export from the endoplasmic reticulum (Trilla et al., 1999) . So far, no orthologs have been described in insects. However, future experiments with two-or three-hybrid systems may reveal interaction partners that regulate chitin synthase activity in insects.
Chitin degradation
Chitin synthases and chitinolytic enzymes work hand in hand in remodeling chitinous structures. So far, we have discussed those enzymes that are relevant for chitin synthesis. The degrading enzymes include the chitinases {poly[1,4-(Nacetyl-β-D-glucosaminide)] glycanohydrolase; EC 3.2.1.14} and β-N-acetylglucosaminidases (β-N-acetyl-β-Dhexosaminide N-acetylhexosaminohydrolase; EC 3.2.1.52). All of them catalyze the hydrolysis of β-(1-4)-glycosidic bonds of chitin polymers and oligomers. Some of them, including one insect enzyme, additionally catalyze transglycosylation reactions (Usui et al., 1987; Fukamizo, 2000; Kondo et al., 2002) . Since chitin-degrading enzymes can be used to convert chitin-containing raw material into biotechnologically utilizable components, they are of significant interest for the chemical and pharmaceutical industry. Moreover, chitinases and their inhibitors may be adopted as insecticides to combat pests or as fungicides for the treatment of microbial infections Herrera-Estrella and Chet, 1999) . In chitin-producing organisms, chitinolytic enzymes are essential for maintaining normal life cycle functions such as morphogenesis of arthropods or cell division and sporulation of yeast and other fungi (Passonneau and Williams, 1953; Elango et al., 1982; Kuranda and Robbins, 1991) . They are also found in organisms that do not contain chitin themselves but utilize chitin as a nutrient source. Several bacterial genera, such as Streptomyces spp., convert insoluble chitin into soluble, metabolizable compounds by means of different chitinolytic enzymes and chitin-binding proteins that act as a glue for adherence on chitinous substrates (Charpentier and Percheron, 1983; Schrempf, 2001) . Chitinase genes have been identified in the genome of the Autographa californica nucleopolyhedrovirus, a member of the virus family Baculoviridae, which is restricted to arthropod hosts (Hawtin et al., 1995) . The baculoviral chitinase may play a crucial role in viral infectivity (Thomas et al., 2000; Saville et al., 2002) . For plant and vertebrate chitinases, including those produced by human macrophages, it is proposed that they act in defense against chitin-containing pathogens or pests (Leah et al., 1991; Boot et al., 1995 Boot et al., , 1998 Gooday, 1999; Carlini and Grossi-deSa, 2002) .
In insects, chitin-degrading enzymes play a crucial role in postembryonic development, especially during larval molt and pupation. During the molt, proteases and chitinases are synthesized by epidermal cells and accumulate in the molting fluid between the epidermis and the old cuticle (DziadikTurner et al., 1981; Samuels and Reynolds, 1993; Samuels and Paterson, 1995; Reynolds and Samuels, 1996) . Most of the digestion products are transported via the molting fluid to the mouth and anal openings and are subsequently accumulated in the midgut (Reynolds and Samuels, 1996; Yarema et al., 2000) . However, direct reabsorption by the epidermis may also occur. In any case, the reincorporated constituents seem to be recycled and used to produce the new procuticle (Surholt, 1975; Reynolds and Samuels, 1996; Kaznowski et al., 1986 ). In addition, some larvae ingest the shed exuvia to regain its constituents. This behavior coincides with the period of chitinase expression in the gut (Kramer et al., 1993) . Moreover, the midgut chitinases seem to be involved in the formation, perforation and degradation of the midgut peritrophic matrix, which protects the gut epithelium from damaging factors (Peters, 1992; Shen and Jacobs-Lorena, 1997; Filho et al., 2002) . Chitinolytic enzymes are also found in some hymenopteran venoms and in the digestive fluid of spiders, where they may facilitate the entry of harmful ingredients through the cuticle of the prey (Mommsen, 1980; Krishnan et al., 1994; Jones et al., 1996) . Recently, a fat body-specific chitinase that is detected in milk gland tissue and could therefore be important for the development of intrauterine larvae was characterized in the viviparous tsetse fly Glossina morsitans (Yan et al., 2002) .
Since chitin is hard to break due to its physicochemical properties, its degradation usually requires the action of more than one enzyme type. Endo-splitting chitinases produce chitooligomers that are subsequently converted to monomers by exo-splitting β-N-acetylglucosaminidases. The latter enzyme cleaves off N-acetylglucosamine units from non-reducing ends and prefers smaller substrates than chitinases (Koga et al., 1982 (Koga et al., , 1983 (Koga et al., , 1997 Fukamizo and Kramer, 1985a,b; Kramer and Koga, 1986; Kramer et al., 1993; Zen et al., 1996; Filho et al., 2002) . As a consequence of these properties, the overall rate of chitin hydrolysis is limited by the action of the chitooligomer-producing chitinase, which drastically increases the effective substrate concentration for the β-Nacetylglucosaminidase.
The mechanism of catalysis seems to be quite similar to that postulated for the cellulase complex and other multi-enzyme systems hydrolyzing linear polymers (Easterby, 1973; Klesov and Grigorash, 1982) . The first enzyme of the 'cellulosome', a multiple cellulase-containing protein complex, is an endocellulase that limits monosaccharide formation, because exocellulases are inefficient in degrading insoluble polysaccharides. In contrast to the cellulolytic enzymes, however, chitinolytic enzymes are not believed to assemble into corresponding 'chitinosomes', although evidence excluding their existence is lacking.
Interestingly, the appearance and activity of both chitinolytic enzymes seem to be in reverse order as they function in chitin degradation. In Manduca, the silkworm Bombyx mori and Locusta, the exo-splitting β-N-acetylglucosaminidase appears earlier in the molt than the endo-splitting chitinase. This was verified by activity assays and immunoblot analysis with polyclonal antibodies raised against both enzymes (Kimura, 1973a (Kimura, , 1977 Zielkowski and Spindler, 1978; Fukamizo and Kramer, 1987; Koga et al., 1989) . Since the cuticle is a complex matrix of chitin and tightly bound proteins, enzyme accessibility is restricted, and free non-reducing ends are limited. Thus, further mechanisms of cuticle degradation exist, including degradation by proteases that are also present in the molting fluid (Law et al., 1977) .
Insect chitinases
Insect chitinases belong to family 18 of the glycohydrolase superfamily and share a high degree of amino acid similarity. A characteristic of the family 18 chitinases is their multidomain structure, which is consistently found in all primary structures deduced from insect genes encoding these enzymes. Substantial biochemical and kinetic data are available, and primary structures of different enzymes have been determined by nucleotide sequencing. Insect chitinases have theoretical molecular masses ranging between 40·kDa and 85·kDa and also vary with respect to their pH optima (pH 4-8) and isoelectric points (pH 5-7) (Table·2). The basic structure consists of three domains that include (1) the catalytic region, (2) a PEST-like region, enriched in the amino acids proline, glutamate, serine and threonine, and (3) a cysteine-rich region  Fig.·4B ). The last two domains, however, do not seem to be necessary for chitinase activity because naturally occurring chitinases that lack these regions are still enzymatically active (Girard and Jouanin, 1999; Feix et al., 2000; Yan et al., 2002) . In agreement with these observations, C-terminus-truncated versions of the recombinant Manduca chitinase still exhibit catalytic activity Zhu et al., 2001) .
In all insect chitinases sequenced so far, a hydrophobic signal peptide is predicted to precede the N-terminal region of the mature protein (Kramer et al., 1993; Koga et al., 1997; Choi et al., 1997 ; Nielsen et al., 1997; Shen and Jacobs-Lorena, 1997; Kim et al., 1998; Mikitani et al., 2000; Royer et al., 2002) . The signal peptide presumably mediates secretion of the enzyme into the endoplasmic reticulum and it is cleaved off by signal peptidases after the protein has been transported across the membrane (von Heijne, 1990; Müller, 1992) .
The catalytic domain of family 18 chitinases comprises the N-terminal half of the enzyme. It was suggested that the Nterminal part of this domain influences the binding or the hydrolysis of the substrate (Perrakis et al., 1996) . Sequence alignments revealed two highly conserved regions within the catalytic domain, the second one including the catalytic center (Henrissat, 1991; Coutinho et al., 2003 ; see also Fig.·4B ). The catalytic domain of family 18 chitinases has a TIM-barrel structure (Lasters et al., 1988 ) that forms a groove on the enzyme's surface. This groove is considered as the active center, which binds sugar units of chitin, possibly (GlcNAc)6 moieties, that are subsequently cleaved by a retaining mechanism discussed later on (Armand et al., 1994; Drouillard et al., 1997) . The hallmarks of the chitinase structure are eight parallel β-strands, forming the barrel's core, which is surrounded by eight α-helices connected to the barrel by linkers of different length and form. The two consensus sequences lie along β-strands three and four of the α/β barrel and represent the substrate-binding site (Aronson et al., 1997) . So far, no crystal structure of an insect chitinase is available, but homology modeling using crystal structures of bacterial and plant chitinases has revealed three-dimensional models of the catalytic domain from the Manduca chitinase showing Chitin metabolism in insects 4403 (Rogers et al., 1986; Bairoch et al., 1997; Hansen et al., 1997) .
*Putative zymogenic forms were suggested based on their immunoreactivity with anti-chitinase antibodies after SDS-PAGE and western blots (Koga et al., 1989 (Koga et al., , 1992 .
pI, isoelectric point.
striking similarities with the α/β barrel structure described above Huang et al., 2000) . Although the models lack a well defined (α/β)8 folding, they predict eight β-sheets and four complete and several incomplete α-helices. In some insects, the catalytic region is followed by a less conserved domain containing a putative PEST-like region that is also found near the C-terminus of the yeast chitinase (Kim et al., 1998; Kuranda and Robbins, 1991; Kramer et al., 1993; Royer et al., 2002) . As already mentioned, insect chitinases without a PEST-like region have also been described in the literature (Girard and Jouanin, 1999; Feix et al., 2000; Yan et al., 2002) . PEST-like regions presumably increase the susceptibility of the enzyme to proteolysis by a calcium-dependent protease or to degradation via the 26S proteasome (Rogers et al., 1986; Rechsteiner and Rogers, 1996) . Therefore, these regions could play a role in enzyme turnover or activation of zymogenic chitinases. Like some fungal chitinases, the chitinases found in insect molting fluids are extensively glycosylated. Thus, insect chitinases can be easily detected by carbohydrate staining after sodium dodecyl sulfate polyacrylamide gel electrophoresis (SDS-PAGE) and blotting. Several putative N-linked glycosylation sites that may be necessary for the secretion of the protein and maintenance of its stability are found within the deduced amino acid sequences of insect chitinases (Gopalakrishnan et al., 1995; Kramer and Muthukrishnan, 1997; Kim et al., 1998 ; Fig.·4B ). Moreover, the serine/ threonine-rich PEST-like region of the Manduca chitinase is extensively modified by O-glycosylation (Kramer et al., 1993; Arakane et al., 2003) . Previous determination of the carbohydrate composition of the Manduca chitinases revealed N-acetylglucosamine and several neutral hexoses as part of the sugar portion (Koga et al., 1983 (Koga et al., , 1997 . The attachment of oligosaccharides probably increases solubility and protects the peptide backbone against proteases.
Insect chitinases are anchored to their substrate through the C-terminal chitin-binding domain, which is characterized by a six-cysteine motif that is also found in nematode chitinases (Venegas et al., 1996) . It functions in targeting of the enzyme to its substrate and thereby facilitates catalysis. The sixcysteine motif is also found in several peritrophic matrix proteins, as well as in receptors and other proteins that are involved in cellular adhesion (Tellam et al., 1992; Tellam, 1996; Kramer and Muthukrishnan, 1997; Shen and JacobsLorena, 1999) .
Individual chitinases possess different combinations of these three basic domains. While the chitinases from Manduca, Bombyx and fall webworm moth Hyphantria cunea exhibit the typical tripartite domain structure (Kramer et al., 1993; Kim et al., 1998) , some other chitinases lack PEST-like or the typical chitin-binding regions (Girard and Jouanin, 1999; Feix et al., 2000; Yan et al., 2002) . Other insects, in turn, may express multi-modular enzymes. In Aedes, for example, chitinases are encoded by two different genes. Nucleotide sequencing has revealed that one of the genes contains tandemly arranged open reading frames that encode three separate chitinases, each containing a catalytic-and also a chitin-binding domain. The gene arrangement suggests co-regulated transcription resembling bacterial operons (Niehrs and Pollet, 1999) . Posttranscriptional splicing, however, may also lead to a single, multi-modular protein with three catalytic-and chitin-binding domains each (de la Vega et al., 1998; Henrissat, 1999) . TmChit5, the gene that encodes chitinase 5 of the beetle Tenebrio molitor, also exhibits an unusual structure, since it contains five chitinase units of approximately 480 amino acids that are separated by putative PEST-like, chitin-binding and mucin-like domains (Royer et al., 2002) . It is speculated that multi-modular chitinases may be expressed as zymogens that are subsequently cleaved by proteolysis to reveal multiple active enzymes.
The occurrence of conserved acidic residues seems to be a common characteristic for the active site of glycohydrolases (Bourne and Henrissat, 2001; Henrissat, 1990) . Since the tertiary structure of family 18 chitinases is similar to that of other glycohydrolases, a common mechanism of hydrolysis involving conserved acidic amino acids was postulated (Henrissat and Bairoch, 1993) . The signature sequence FDxxDxDxE is found in the active sites of family 18 chitinases, including a glutamate residue that is essential for catalysis. The highly conserved sequence YDFDGLDLDWEYP found in insect chitinases is consistent with the family 18 chitinase signature (Terwisscha van Scheltinga et al., 1994; Choi et al., 1997; de la Vega et al., 1998) . Consequently, site-directed mutagenesis of the essential glutamate of the insect chitinase active site results in a loss of enzymatic activity (Huang et al., 2000; Lu et al., 2002; Royer et al., 2002) . Based on crystallographic data and theoretical models, the catalytic reaction of family 18 chitinases might take place through a substrate-assisted, double displacement mechanism with a geometrically deformed oxocarbonium intermediate, more conveniently referred to as a 'retention mechanism' (Sinnott, 1990; Hart et al., 1995; Robertus and Monzingo, 1999) . It is postulated that the active site has a binding cleft for a hexamer of Nacetylglucosamine. Following a convention developed for hen egg-white lysozyme, the single sugar binding sites were termed A-F (Blake et al., 1967; Kelly et al., 1979) . In a first step, the sugar in binding site D is distorted to a boat conformation. Subsequently, the catalytic glutamate breaks the glycosidic bond between the sugars in sites D and E by protonation of the leaving group. This leads to a positively charged oxocarbonium intermediate that is stabilized by a covalent bond between the carboxyl oxygen of the N-acetylgroup and the C1 atom of the sugar. The cleaving group then leaves the active site and a water molecule enters and attacks the C1 carbon from the β-side and protonates the glutamate. This reaction results in the retention of the stereochemistry at the anomeric carbon of the product, in contrast to the inverting mechanism of family 19 chitinases (Robertus and Monzingo, 1999) . The soluble products of this catalytic mechanism are chitotetraose, chitotriose and chitobiose, the latter chito-oligosaccharide being predominant (Terwisscha van Scheltinga et al., 1995; Kramer and Muthukrishnan, 1997; Brameld et al., 1998; Robertus and Monzingo, 1999; Fukamizo, 2000; Abdel-Banat et al., 2002) . The functional importance of active site residues has also been demonstrated for an insect chitinase (Lu et al., 2002) . Site-directed mutagenesis of the Manduca chitinase revealed that E146 may function as an acid/base catalyst while D142 may influence the pKa values of the catalytic residue E146 but also that of D144; the latter residue may be an electrostatic stabilizer of the positively charged transition state. Moreover, W145, which is also present in all family 18 chitinases, might extend the alkaline pH range in which the enzyme is active and may increase affinity to the substrate (Huang et al., 2000) .
Regulation of chitin degradation
Due to the vital role of chitin in insect development, its degradation must be as tightly regulated as its synthesis. By monitoring transcripts or enzyme activities, it has been shown that the expression or activity of integumental chitinases is restricted to periods of molt and pupation whereas that of gut chitinases is induced by feeding (Koga et al., 1982 (Koga et al., , 1983 (Koga et al., , 1989 (Koga et al., , 1991 (Koga et al., , 1992 Kramer et al., 1993; Zen et al., 1996; Shen and Jacobs-Lorena, 1997; Kim et al., 1998; Filho et al., 2002) . Interestingly, chitinase expression in the molting fluid is delayed compared with β-N-acetylglucosaminidase expression (Koga et al., 1991; Kramer et al., 1993) . In epidermal cells, 20-hydroxyecdysone stimulates the secretion of the molting fluid containing chitinolytic enzymes and proteases, indicating that this hormone may also be involved in regulating enzyme expression and activity (Reynolds and Samuels, 1996) .
In the course of the molting process, the ecdysteroid titer increases continuously and reaches its maximum shortly before apolysis (Bollenbacher et al., 1981; Riddiford, 1994) . Juvenile hormone allows larval molting in response to ecdysteroids but prevents the switching of gene expression necessary for metamorphosis (Riddiford, 1996) . Therefore, the delayed chitinase expression may be caused by differential sensing of hormone titers during molting. Both secretion and activation of chitinolytic enzymes are clearly controlled by ecdysteroids (Reynolds and Samuels, 1996) . Concordantly, Kimura (1973b) showed some 30 years ago that the activity of molting fluid enzymes can be stimulated by ecdysteroid injections.
The chitinases of Bombyx and Manduca are induced at high hemolymph levels of 20-hydroxyecdysone, while β-Nacetylglucosaminidase is already induced at low levels of the steroid (Fukamizo and Kramer, 1987; Koga et al., 1991 Koga et al., , 1992 Kramer et al., 1993; Zen et al., 1996) . As a consequence, β-Nacetylglucosaminidase expression was found to start before that of the chitinase. Although it is obvious that the expression of chitinolytic enzymes is hormonally coordinated, responsive elements that would affect gene transcription have not been identified so far. Nevertheless, the chitinase may be an early responsive gene and a direct target of the ecdysone receptor because protein synthesis is not required for its induction (Royer et al., 2002) .
Degradation of cuticles by chitinolytic enzymes certainly needs the assistance of molting fluid proteases to degrade proteinaceous components (Law et al., 1977) . However, these proteases may also function in the proteolytic activation of inactive chitinase precursors, as was suggested for Manduca or Tenebrio (Kramer et al., 1993; Samuels and Reynolds, 1993) . Proteolytic activation of chitinases may also occur in insect gut systems, where, in the case of blood-sucking insects, the activities of gut chitinase and β-N-acetylglucosaminidase are found to rise shortly after feeding (Filho et al., 2002) . Indeed, the gut-specific chitinase of Anopheles was shown to be secreted into the gut lumen as an inactive pro-enzyme that needs to be trypsinized in order to develop chitinolytic activity (Shen and Jacobs-Lorena, 1997) . Interestingly, the malaria parasite Plasmodium also utilizes the protease-rich environment of the mosquito midgut to increase the enzymatic activity of its own chitinase, which facilitates penetration of the peritrophic matrix (Shahabuddin et al., 1993) .
Proteolytic activation of chitinases has been extensively investigated in Manduca and Bombyx. A probable zymogenic form of the chitinase with a molecular mass of 215·kDa was observed during the spinning period of Bombyx. Two to three days later, when enzyme activity is detectable, three active fragments of 88·kDa, 65·kDa and 54·kDa appear, which may be the result of successive, proteolytic processing (Koga et al., 1989 (Koga et al., , 1992 (Koga et al., , 1997 Abdel-Banat et al., 1999) . The three active forms have a common N-terminal sequence, indicating that they differ in length at the C-terminus. It was suggested that the 88·kDa enzyme still contains a potent chitin-binding domain. This domain, however, may get gradually lost by further proteolysis from the C-terminal side, resulting in chitinase variants that are more active on shorter substrates. Consistent with this, when the chitin-binding domain is attached to the catalytic domain, the resulting recombinant fusion protein exhibits increased activity towards the insoluble polymer but not towards the soluble chitin oligosaccharide (Arakane et al., 2003) . Thus, it seems that the domain structure of insect chitinases has evolved to optimize degradation of insoluble polysaccharides to soluble oligosaccharides, thereby accelerating the overall chitin degradation rate in addition to the presence of β-N-acetylglucosaminidases (Koga et al., 1997; Abdel-Banat et al., 1999) .
Similar results were observed in the Manduca integument, where a 119·kDa protein might be interpreted as a zymogenic precursor and several smaller proteins as proteolytically activated fragments (Koga et al., 1992) . In general, studies on the zymogenic nature of insect chitinases are complicated by the observed discrepancies between theoretical molecular masses deduced from obviously complete cDNA sequences and apparent molecular masses estimated from SDS-PAGE. Since these discrepancies cannot be explained by posttranslational processing, it has been concluded that at least some insect chitinases may exhibit an anomalous electrophoretic migration behavior (Kramer et al., 1993) .
The chitinase PEST sequences could possibly enhance the activation of chitinase zymogens (Royer et al., 2002) . Consistent with this, activity of the fat body-specific chitinase from the tsetse fly, which lacks a PEST-like region, is not increased by trypsinization (Yan et al., 2002) . In contrast to chitinases, the exo-cleaving β-N-acetylglucosaminidases of Manduca and Bombyx do not seem to be zymogens (Koga et al., 1991 (Koga et al., , 1992 (Koga et al., , 1997 .
Inhibition of chitin metabolism
Since chitin metabolism is crucial for fungal and arthropod development, inhibition or deregulation of the key enzymes are important objectives for the development of fungicides and insecticides, including anti-malarial agents, not least because chitin polymers are absent in vertebrates.
Inhibitors of chitin synthesis have been classified into three major groups: peptidyl nucleosides, acyl ureas and substances interfering with hormonal control. Peptidyl nucleosides isolated from diverse Streptomyces species act as substrate analogues and include polyoxins and nikkomycins (Zhang and Miller, 1999) . They competitively inhibit both fungal and insect chitin synthases. It is believed that inhibition occurs via binding to the catalytic site (Ruiz-Herrera and San-Blas, 2003) . Polyoxins have found some applications in the control of phytopathogens, whereas the commercial application of nikkomycins is pending, although they seem to be more potent inhibitors than polyoxins (Cohen and Casida, 1980a; Zhang and Miller, 1999; Tellam et al., 2000) . Generally, the application of peptidyl nucleosides is complicated by low permeability, hydrolytic lability, varying susceptibility of fungal species and the multitude of responses found in animals (Zhang and Miller, 1999; Ruiz-Herrera and San-Blas, 2003) .
In contrast to the peptidyl nucleosides, acyl ureas play an important role in integrated pest management. Although it is well established that acyl ureas such as diflubenzuron and teflubenzuron affect chitin synthesis (Post et al., 1974; van Eck, 1979) , their mode of action is still puzzling. However, several lines of experiment argue against a direct interaction of these inhibitors with the chitin synthase. For instance, in cellfree systems, acyl ureas do not inhibit chitin synthesis (Cohen and Casida, 1980a; Mayer et al., 1981; Cohen, 1985) . Instead of directly blocking chitin synthase activity, they may alter either vesicle transport or fusion, inhibit the translocation of chitin fibrils across the plasma membrane (Nakagawa and Matsumura, 1994; Cohen, 2001) or interfere with the hormonal regulation of chitin synthesis by influencing ecdysteroid production (Fournet et al., 1995) .
The third group of inhibitors evidently affects hormonal regulation of insect growth and development. One of the manifold effects of these substances is certainly deregulation of chitin synthesis, probably by preventing the expression of the chitin synthase or regulating factors. Hormonal regulation can already be disturbed at the level of hormone biosynthesis. Some synthetic imidazole and cholesterol derivates have been shown to prevent ecdysteroid biosynthesis (Kadano-Okuda et al., 1987; Roussel, 1994; Lorenz et al., 1995) . By contrast, the heterocyclic compound brevioxime and the alkaloid arborine show significant blocking of juvenile hormone synthesis (Moya et al., 1997; Muthukrishnan et al., 1999) . The auxiliary application of isolated molting hormones or their synthetic agonists and antagonists leads to abnormalities in insect development as well. The ecdysteroid agonist tebufenozide manifests its effect by interacting with the ecdysone receptor, the juvenile hormone agonists fenoxycarb, methoprene and pyriproxyfen mimic the hormone action, and the juvenile hormone antagonists precocene I and II act via their cytotoxicities on the corpora allata (Schooneveld, 1979; Mulla et al., 1985; Dhadialla et al., 1998; Hoffmann and Lorenz, 1998; Kostyukovsky et al., 2000; Retnakaran et al., 2001) .
Chitinase inhibitors can generally be grouped into two major classes: they mimic either carbohydrate substrates or the oxocarbonium reaction intermediate of family 18 chitinases. The most-studied chitinase inhibitor is allosamidin, a pseudotrisaccharide. It was isolated from the mycelium of Streptomyces sp. and exhibits a strong inhibitory activity against family 18 chitinases of insects and fungi with a Ki in the nano-to micromolar range (Sakuda et al., 1987; Blattner et al., 1996; Berecibar et al., 1999) . Most strikingly, it blocks malaria parasite transmission by inhibiting the chitinase of Plasmodium that is essential to penetrate the host's peritrophic matrix (Shahabuddin et al., 1993; Tsai et al., 2001; Filho et al., 2002) . The structural basis of interactions between the inhibitor and several family 18 chitinases has been solved by x-ray crystallography (Terwisscha van Scheltinga et al., 1995; van Aalten et al., 2001) . As a result of these studies, it was proposed that allosamidin mimics the catalytic transition state. Allosamidin consists of two N-acetylallosamine sugars linked to an allosamizoline that may resemble the catalytic intermediate and cannot be hydrolyzed because it lacks the pyranose oxygen (Bortone et al., 2002; Fusetti et al., 2002; Rao et al., 2003) .
Allosamidin is a potent chitinase inhibitor; however, its production is expensive because it is difficult to synthesize. A new, alternative class of inhibitors includes the cyclopentapeptides argifin and argadin. These molecules are as potent inhibitors as allosamidin but synthesis by peptide chemistry is less expensive Omura et al., 2000; Houston et al., 2002b) . While the cyclopentapeptides are carbohydrate mimics, the small peptide CI-4, which was recently identified in the marine bacterium Pseudomonas, functions like allosamidin as a mimic of the family 18 chitinases' catalytic transient state (Izumida et al., 1996; Houston et al., 2002a) .
Conclusion and outlook
The use of insecticides is indispensable for the control of a wide range of crop, public hygiene, amenity and veterinary pests. However, efficacy of commercially applied insecticides is increasingly compromised by the occurrence of resistance, which leads to compound detoxification or altered target sites. To overcome problems arising from insufficient pest control in the long term, novel compounds acting on new target sites have to be identified. As we have outlined in this review, chitin synthesis and degradation are crucial for insect growth and development and are thus ideal targets for disruption and perturbation by novel insecticides. Despite all new insights resulting from cDNA cloning and sequencing, however, we are still far away from understanding the detailed modes of action of the enzymes involved, especially chitin synthases and chitinases. Moreover, we do not actually know the regulatory mechanisms that control and coordinate enzyme biosynthesis and activity during development. One major problem in studying insect chitin synthases is that we still lack homogenous enzyme preparations from native sources, possibly due to intrinsic instability. Heterologous expression and site-directed mutagenesis of chitin synthase or its domains in baculovirus-infected insect cells may pave the way for a better understanding of this enzyme. This strategy has already provided new insights into the domain structure and the role of highly conserved amino acid residues of insect chitinases (Zhu et al., 2001; Lu et al., 2002; Zhang et al., 2002) . Moreover, recombinant baculoviruses expressing mutant insect chitinase genes may themselves constitute potent biocides since they could perturb peritrophic matrix function of infected insects, leading to enhanced susceptibility to other harmful compounds. Insect chitinases have even been alienated to induce insect resistance in plants by expressing a truncated but active version of the enzyme in transgenic tobacco (Ding et al., 1998) . Plants expressing an insect chitinase gene may have agronomic potential for insect control. Heterologous expression and subsequent purification may also lead to insect enzyme preparations that are suitable for crystallization to obtain three-dimensional structures of the chitin synthase catalytic domain or the chitinase, the latter already having been successfully crystallized from different non-insect sources (Vorgias et al., 1992; Hart et al.,1992 Hart et al., , 1995 Rao et al., 2003) .
So far, no cellular interaction partners for chitin synthases or chitinases are known in insects. Since protein-protein interactions are presumably essential for the regulation of enzyme biosynthesis, targeting and activity, identification of interacting proteins would provide new insights into cellular control mechanisms. To obtain first clues, the application of yeast two-or three-hybrid systems may yield putative binding partners, which have to be further analyzed regarding their binding capability by biochemical or cytological methods. Those proteins that interact either with chitin synthases or chitinases may again turn out to be suitable target sites for future biocides. In conclusion, understanding of the basic principles underlying insect chitin metabolism and its regulation will open up new vistas in pest management. 
